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ABSTRACT: Freshwater mussels are vital components of
stream ecosystems, yet remain threatened. Thus, timely and
accurate species counts are critical for proper conservation and
management. Mussels live in stream sediments and can be
challenging to survey given constraints related to water depth,
flow, and time of year. The use of environmental DNA (eDNA)
to monitor mussel distributions and diversity is a promising tool.
Before it can be used as a monitoring tool, however, we need to
know how much eDNA mussels shed into their environment and
how long the eDNA persists. Here, we present a novel
application of eDNA to estimate both the presence/absence
and abundance of a freshwater mussel species, Lampsilis
siliquoidea. The eDNA shedding and decay rates reported within
are the first for freshwater mussels. We determined that eDNA shedding was statistically similar across mussel densities, but that
first-order decay constants varied between experimental treatments. Finally, we effectively modeled downstream transport of
eDNA and present a model that can be used as a complementary tool to estimate mussel density. Our results suggest that eDNA
has the potential to be a complementary tool to survey mussels and enhance current efforts to monitor and protect freshwater
mussel biodiversity.

■ INTRODUCTION

Freshwater mussels are a diverse group of long-lived, benthic
invertebrates that perform vital functions in freshwater
ecosystems.1,2 As suspension feeders, mussels stimulate a
bottom-up trophic cascade3 by increasing primary3,4 and
secondary production.5,6 They also help make more nutrients
available by shortening nutrient spirals and reducing nutrient
loss downstream.4,7 Unfortunately, mussels remain among the
world’s most imperiled species. North America contains the
richest biodiversity in the world, with nearly 300 freshwater
mussel species, but >75% of these species are extinct,
endangered, or threatened.8,9 Freshwater mussel biodiversity
remains threatened by anthropogenic stressors including
historical over harvesting, habitat fragmentation and degrada-
tion, water pollution, and climate change.8

Key to understanding the important role mussels play in
ecosystem processes and the impact of mussel biodiversity loss
are accurate accounts of species diversity and distributions.
Monitoring mussel populations, however, can be challenging.
Typically, monitoring is done by employing quantitative or
qualitative sampling. Quantitative methods include collecting
mussels in randomly placed quadrats that are excavated to a
depth of ∼15 cm, often using snorkel or SCUBA. Sampling
with quadrats provides a means for quantifying population
density, size demography, and recruitment.10 The disadvantage
to sampling with quadrats is that it is time-consuming,11 can

underestimate both total number of species and rare species,12

greatly disturbs sediment habitat,11 and is expensive.13

Qualitative methods include timed visual searches using
snorkel, SCUBA, or view buckets, brailing, shoreline collections
of shells, or midden-pile collections14 and are more likely to
detect rare or endangered species than quantitative sur-
veys.12,13,15 However, qualitative methods can be size and
sculpture selective by underrepresenting small species or
juveniles and those with smooth shells.12,16 Both methods
require skilled taxonomic professionals for species identification
based on external morphology and are influenced by seasonal
fluctuations in water level and temperature. Because of the
limitations of current survey methods, alternative methods are
needed to complement monitoring efforts.
The detection and quantification of environmental DNA

(hereafter eDNA) offers a novel species detection technique
that could improve the ability to detect and monitor freshwater
mussel populations by removing bias for size, sculpture, or
incidence level.17 The use of eDNA to detect aquatic species
has largely focused on fish18−26 and amphibians.20,27−29 Other
studies examine the use of eDNA to detect invertebrates20,30,31
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or parasites,32,33 while few have considered freshwater
mussels.31,34,35 eDNA has widely been demonstrated to
successfully detect the presence/absence of a species.18,21,36,37

While presence/absence detection informs species richness,
quantitative measures are needed to predict biomass or
abundance. Recent studies have begun correlating eDNA
concentration to organism abundance through mesocosm
experiments and water sampling alongside traditional monitor-
ing efforts.20−25,36,38 Mesocosm studies are preferred to
examine the specific mechanisms driving the production and
persistence of DNA, but realistic estimates in freshwater31,38−41

and marine19,25 systems provide a stronger biomonitoring tool.
To fully investigate the use of eDNA as a biomonitoring tool,
both mesocosm laboratory experiments and field sampling are
needed.
Mussels shed DNA into the environment in the form of

sloughed tissue or cells, gametes, or filter excreta,42,43 and shell
material.44 The concentration of mussel eDNA in a water
parcel is controlled by a number of processes including
shedding, decay, advection and dispersion, and resuspension
(Figure 1). The factors influencing mussel eDNA shedding

rates are not known but likely include species, size, age or life
stage, and mussel density. Previous studies show differences in
shedding rates due to species,25 age/life stage,20,28,45 and
number of organisms.20,21,46 Before eDNA can be used as a tool
to estimate and model mussel presence and density, mussel
eDNA shedding and decay rates must be quantified and the
factors affecting shedding rates need to be better understood.
The goal of the present study was to investigate freshwater

mussel eDNA shedding and decay rates to inform the use of
eDNA as a biomonitoring tool. We developed a Lampsilis-
specific SYBR Green qPCR assay for the detection of Lampsilis
siliquoidea. We then used this assay to quantify mussel eDNA
shedding and decay rates in mesocosm experiments. Next, we
investigated the effect of mussel density on eDNA shedding
and decay rates. Finally, we developed and tested a one-
dimensional mass balance model to estimate (1) how far
downstream L. siliquoidea eDNA can be detected and (2) the
density of mussels upstream given a measured eDNA
concentration. The results of this study provide a novel
biomonitoring tool to enhance our understanding of mussel
distributions and inform conservation efforts for this ecolog-
ically important group of invertebrates.

■ MATERIALS AND METHODS

Experimental Design for Laboratory Shedding and
Decay Experiments. We performed five freshwater meso-
cosm experiments to determine the shedding and decay rates of
the freshwater mussel species, Lampsilis siliquoidea, a mussel
common throughout western New York. Mussels were
collected from Tonawanda Creek, a local creek known for its
mussel biodiversity, in June 2016 and August 2017. Mussels
were immediately transported back to the laboratory at the
University at Buffalo, scrubbed free of all algae using a mesh
cloth, measured for length, height, width, and mass, and housed
in freshwater tanks filled with tap water and treated with
AmQuel (Kordon, Model-31261) to neutralize chlorine,
chloramine, and ammonia in the water. Mussels were fed an
algae diet twice per week (Shellfish Diet 1800, Reed
Mariculture, Campbell, CA). Mussels were allowed to acclimate
for up to 3 weeks in the lab prior to the start of the
experiments. For the experiments, an 8 cm gravel bed was
added to each mesocosm. Gravel (D50 = 0.01 m) was purchased
from a local quarry, rinsed with tap water to remove fine
sediment, dried, and stored in closed buckets until used. The
mesocosms were filled with tap water treated with AmQuel
(Kordon, Model-31261). Tap water was used instead of water
from Tonawanda Creek to minimize the potential background
DNA signal from L. siliquoidea in the creek. Mesocosms were
continuously aerated with air pumps (ActiveAQUA, Model no.
AAPA15L). Water temperature was maintained at room
temperature in the laboratory (22 ± 1 °C) for the duration
of the experiment. The mesocosms were exposed to natural
diurnal light cycles and indirect sunlight through a window in
the laboratory.
Experiments were conducted with different densities of

mussels to determine the effect of mussel density on eDNA
shedding and decay rates. Mussel densities in the three
mesocosms were 16, 55, and 110 mussels per m2, hereafter
referred to as low density (2 mussels per tank), moderate
density (10 mussels per tank), and high density (20 mussels per
tank) treatments. The high density treatment was conducted in
August 2016. One replicate of the moderate density treatment
was conducted in September 2016 and a second replicate of the
moderate density treatment and two replicates of the low
density treatment were conducted in August 2017. Mussels
remained in the tanks for 72 h and were not fed during the
duration of the experiment to control for excess eDNA input
resulting from feeding and defecation.
Given eDNA decay is influenced by a number of environ-

mental variables, we performed an additional experiment to
measure mussel eDNA decay using water from Tonawanda
Creek (hereafter the environmental treatment). Water was
collected from Tonawanda Creek in 5-gallon buckets and
immediately brought back to the lab. A mesocosm was set up
with ∼40 L of Tonawanda Creek water following methods
described above. To ensure L. siliquoidea eDNA was in the
mesocosm, five L. siliquoidea mussels were added to the
mesocosm for 24 h with no feeding and then removed. The
environmental treatment experiment was conducted in
September 2016.

Water Sampling Procedure for Shedding and Decay
Experiments. Water samples were collected in sterile 120 mL
disposable vessels (IDEXX Laboratories Inc., ME) at each time
point in duplicate. For the three different mussel density
experiments, baseline samples were collected before the

Figure 1. Conceptual model of the source, transport, and fate of
eDNA from a freshwater mussel in a stream environment. Processes
illustrated here include eDNA shedding, decay (due to sunlight and
biological processes such as microbial grazing and enzymatic activity),
advection/dispersion, settling (eDNA attached to particles), and
resuspension.
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mussels were added. The next samples were collected
approximately 12 h after the mussels were added to allow the
eDNA concentration in the mesocosms to reach steady state.
Steady state was defined as the time period during which eDNA
concentration did not change with respect to time. For the
environmental treatment, the baseline was collected immedi-
ately before the mussels were removed, and the next sample
was taken approximately 12 h later. Water was sampled 2−4
times per day for the first 4−6 days (depending on the
experiment). After 6 days, water was sampled once per week for
up to 4 weeks (Table S1, S2). Each day, 100 mL deionized
water was also filtered to test for contamination during the
filtration process. New gloves were worn for each tank to
prevent contamination. All samples were immediately pro-
cessed after collection. Two 100 mL water samples were
collected at each time point and filtered through 0.4 μm pore
size track-etched polycarbonate filters (HTTP04700, EMD
Millipore, Germany). Filters were frozen at −20 °C until DNA
extraction (approximately 2−8 weeks after the experiment).
Filtration funnels were acid-washed (10% hydrochloric acid)
and rinsed with DI water between samples to remove DNA
contamination.
DNA Extraction. DNA was extracted from mussel tissue

and filters using the Qiagen DNeasy Blood and Tissue
extraction kit (Qiagen, Valencia, CA) with minor modifications.
The volume of Buffer ATL and proteinase K was doubled and
samples (mussel tissue and filters) were incubated with Buffer
ATL and proteinase K for 12−14 h (filters) and 24 h (tissue) at
56 °C to ensure tissue degradation. Following incubation, 400
μL of Buffer AL and 400 μL of 100% molecular grade ethanol
was added for a 1:1:1 volume ratio (Buffer ATL plus proteinase
K: Buffer AL: ethanol). Two washes of 500 μL of AW1 and
AW2 were performed and DNA was eluted in two steps with
warmed Buffer AE for a total of 100 μL DNA extract. One filter
was analyzed for each time point, while duplicate filters were
analyzed for every other time point. A DNA extraction blank
was extracted with each set of samples to check for
contamination during the extraction process.
Genus-Specific Assay Design and qPCR Optimization.

Genus-specific primers were designed to amplify DNA from L.
siliquoidea. Primers were designed using PrimerBlast (see SI).47

Primers targeting multiple mitochondrial genes were tested and
the best performing assay targeted the L. siliquoidea NADH
dehydrogenase gene (ascension no. HM852927). The specific-
ity of primers was assessed in silico using PrimerBlast.47 Primer
sequences showing specificity to L. siliquoidea were synthesized
by Integrated DNA Technologies (IDT, Coralville, Iowa) and
tested for cross-reactivity using genomic DNA extracted from
freshwater mussels found in similar habitats as those of L.
siliquoidea. Genomic DNA from Amblema plicata (13.08 ng),
Ligumia recta (1.47 ng), and Lampsilis cardium (3.72 ng) was
tested against each primer set. Genomic DNA was extracted
from tissue samples collected from mussels in September 2016
(all mussels were immediately returned to Tonawanda Creek

after tissue sampling). Genomic DNA was extracted from the
tissue samples using the Qiagen DNeasy Blood and Tissue
extraction kit with minor modifications described above
(Qiagen, Valencia, CA). Primer sets were considered specific
to L. siliquoidea if no amplification (40 cycles) was observed for
any of the nontarget genomic DNA. The final primer sequences
and optimized primer concentrations and annealing temper-
ature are shown in Table 1.
Quantitative Polymerase Chain Reaction (qPCR) standards

were constructed using gBlock Gene Fragments synthesized by
IDT (IDT, Coralville, IA). Standard curves consisted of 1:10
serial dilutions of the gBlock oligo from 1 to 10000 copies and
were run in triplicate alongside samples in each 96-well plate
(BioRad, Hercules, CA). Standard curves were pooled across
plates to calculate concentrations of unknown samples.48 Each
plate contained triplicate no template controls (NTCs). All
samples were diluted 1:10 to reduce inhibition and amplified in
triplicate 20 μL reactions. The qPCR contained final
concentrations of 1X SsoAdvanced Universal SYBR Green
Supermix (Bio-Rad Laboratories, Inc., Hercules, CA), and 0.4
μM forward and reverse primers. Cycle quantification (Cq)
thresholds were set at 150 for all qPCR plates. A sample was
considered quantifiable if two out of three qPCR triplicates
were amplified below 33 cycles and if the melt temperature
peaked at 76.5 ± 0.5 °C. The lowest detectable standard (i.e., 1
copy per uL) amplified at Cq = 33.1 ± 1.0. Thus, samples that
amplified at a Cq greater than 33 cycles were considered below
level of quantification (LOQ). If no amplification was observed
or if only 1 out of the 3 qPCR triplicates amplified the sample
was a nondetect (ND).

Data Analysis. Each mesocosm tank was modeled as a
completely mixed batch reactor to calculate the shedding and
decay rates:

= −V
C
t

S kCV
d
d (1)

where V is the volume of the tank (mL), C is the concentration
of eDNA (copies/mL), t is the time since the start of the
experiment (h), S is the eDNA shedding rate (copies/h), and k
is the first-order decay rate (h−1). eq 1 assumes that the tank is
well mixed and that the decay is first order. Although mussels
are sedentary, aerators supplied to each tank provided constant
mixing, thus we assumed each tank was completely mixed.
Steady state was reached within the first 12 h after the mussels
were added and lasted until the mussels were removed from the
mesocosm. At steady state, dC/dt = 0, therefore S = kCV. The
error associated with the shedding rate was determined by
propagating errors associated with k, C, and V (see SI). A z-test
(p ≤ 0.05) was used to test the null hypothesis that the
shedding rates did not differ between each mesocosm.
Once the mussels were removed, S = 0 and dC/dt = −kC. A

first-order decay rate, k, was calculated for each mesocosm tank
using the data collected after the mussels were removed.
Assuming first-order decay, the first-order decay rate constant

Table 1. Genus-Specific Primers Designed to Amplify Lampsilis siliquoidea DNA

primer gene target
fragment
size

final primer
concentration

(μM)

annealing
temperature

(°C) slope intercept

limit of
quantification
(copy number)

assay
efficiency

(%)

forward 383F-5′ TCG AGC CAT
AGC TCA AAC CA 3′ NADH

Dehydrogenase 147 0.4 60 −3.35 33.1 1 99.0
reverse 529R-5′ GCG AGT GGT

AGT GAA AGA GT 3′
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and its standard error were calculated by fitting a straight line to
ln(C/Co) versus time using linear regression in R.49 For Co, we
used the mean mussel eDNA concentration in the tank at
steady state. Decay rate constants for the different experimental
treatments were compared using an analysis of covariance
(ANCOVA) with a Tukey’s honestly significant difference
(HSD) posthoc to test the null hypothesis that decay rate
constants were not significantly different between meso-
cosms.50 Statistical significance was determined by p < 0.05.

Modeling eDNA in Tonawanda Creek. A simplified, one-
dimensional plug-flow reactor model was developed to model
L. siliquoidea eDNA as a function of distance from a mussel bed

∂
∂

+ ∂
∂

= −C
t

u
C
x

kC
(2)

where C represents the eDNA concentration (copies/mL), t
represents time in hours, u is the water velocity (m/s) in the
streamwise direction (x-direction), and k is the first-order decay
constant. Because the shedding rate was not significantly

Figure 2. eDNA concentrations in the different mussel density mesocosm experiments, separated by shedding (panels A, C, and E) and decay
(panels B, D, and F) analysis: low density (top panel), moderate density (center panel), and high density (bottom panel). The y axis is the
concentration of DNA (copies/mL) determined with synthesized standards. The x axis is the time since the start of the experiment in hours.
Experimental replicates (replicates 1 and 2) are represented as separate symbols and the error bars on each panel represent ±1 standard error of
triplicate qPCR measurements. “+” symbols represent samples below the level of quantification (LOQ) while “x” represents nondetect (ND)
samples.
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different between the three mussel densities (see below), the
mean shedding rate of the three mussel densities was used to
model the transport and fate of L. siliquoidea eDNA in
Tonawanda Creek. For the application of this model, we
assumed steady state and solved for eq 2

= −C C e kx u
bed

/
(3)

where Cbed represents the concentration of L. siliquoidea eDNA
being shed from a mussel bed and was determined as

= ̅ × ×C S M tbed (4)

where S ̅ is the mean L. siliquoidea eDNA shedding rate in
copies per hour per mussel determined in the laboratory
shedding and decay experiments, M is the number of mussels
per cubic meter of water inside the mussel bed, and t is time in
hours.
To test the efficacy of the simplified, one-dimensional model,

we collected water samples (hereafter, field samples) along a
portion of Tonawanda Creek downstream of a known mussel
bed51 (Sansom et al. unpublished data). Water samples were
collected in acid washed (10% hydrochloric acid) 500 mL
polypropylene bottles at the downstream edge of the mussel
bed, and 10-, 25-, 100-, 300-, and 1000-m downstream the
mussel bed. No mussels were observed between the mussel bed
and the most downstream sample location. Triplicate biological
samples were filtered (400−500 mL), and DNA was extracted
using the methods outlined above. The samples (n = 18)
collected from Tonawanda Creek were tested for inhibition by
comparing 1:1, 1:10, and 1:100 dilutions. Assuming a 100%
efficiency, we expected a Cq change of 3.32 cycles (log2(10) =
3.32) if there was no inhibition. All environmental samples
were diluted 1:10 to address inhibition and amplified in
triplicate 20 μL reactions. A standard curve, as described above,
was run in triplicate and triplicate NTCs were run on each plate
of samples. In addition to the qPCR Mastermix described
above, a final concentration of 0.2 mg/mL bovine serum album
(BSA) was added to address inhibition.52 The Cq, LOQ, and
ND thresholds were classified as described above based on the
lowest detectable standard. For the field samples, the lowest
detectable standard (i.e., 1 copy per microliter) amplified at Cq
= 35 ± 0.4.

■ RESULTS AND DISCUSSION
Genus-Specific Assay Design and qPCR Optimization.

The primers developed for this study amplified L. siliquoidea
eDNA in environmental waters. The assay was sensitive with a
limit of quantification of 1 copy of the gene target/mL. The

assay efficiency based on pooled standard curves with a slope =
−3.35 and an intercept = 33.1 was 99.0% (Table 1; Figure S1;
r2 = 0.93; linear dynamic range = 0−4 log copies).53 All
filtration and extraction blanks showed no evidence of
contamination, and all qPCR NTCs showed no amplification.
The assay showed minor cross reactivity within the Lampsilis
genera. Amplification was observed after 33 cycles with 3.72 ng
per reaction for Lampsilis cardium DNA. The primers cross
reacted with one species outside the Lampsilis genera, Ligumia
recta, but the reaction was below the limit of quantification
(amplification was observed at 38 cycles for 1.47 ng DNA per
reaction). No cross reactivity was observed with A. plicata tissue
(13.08 ng DNA per reaction).

eDNA Shedding for Varying Mussel Densities. After
the mussels were added to the different density treatment tanks,
the concentration of eDNA in the tank water increased and
remained at steady state (Figure 2). At steady state, shedding
balanced decay, and thus the concentration at steady state was
used to calculate the shedding rates using eq 1. To account for
differences in mussel biomass, the shedding rates are presented
as copies of DNA/hour, copies of DNA/hour/mussel, and
copies of DNA/hour/gram of mussel (Table 2). The shedding
rates ranged from 5.4 × 104 to 2.4 × 106 copies/h/mussel
(Table 2) and were not statistically different on a per hour, per
mussel, or per gram basis (p < 0.05 for each). The eDNA
shedding rates are among the first reported for freshwater
mussels, and the pattern of eDNA production (i.e., initial
increase in eDNA concentration followed by a prolonged
period of steady concentration where shedding equaled decay)
is similar to previous studies.25,54 Shedding rates have been
previously reported for marine fish (1.4 × 105 to 1.1 × 107 pg/
hour25) and freshwater salamanders (4.5 × 104 pg/hour54), but
making comparisons between species, systems (i.e., freshwater
vs marine; lotic vs lentic), and units (e.g., mass of DNA vs
copies of DNA; eDNA/hour vs eDNA/mass vs eDNA/
organism) is difficult.
Previous studies suggest the size or biomass of an organism,

such as fish19,21,25 or salamanders,54 influences the amount of
eDNA shed. However, Pilliod et al.54 observed that differences
in shedding rates for salamander biomass disappeared once
eDNA production balanced decay. Further, unlike the
organisms listed in the aforementioned studies in which soft
tissue is continuously exposed to the environment and
therefore the amount of DNA being shed likely increases as
body surface area increases, mussels are enclosed in a calcified
shell that protects the soft tissue anatomy. Mussel shells are
extremely robust, do not readily breakdown,55,56 and although

Table 2. Shedding Rates and Decay Rate Constants for Lampsilis siliquoidea at Different Mussel Densities in Experimental
Tanksa

shedding rates

treatment
mussel density
(mussels/m2)

copies/hour ± propagated standard
deviation

copies/h/
mussel copies/h/g

decay rate constant/hr ± standard
errorb

low (replicate 1) 16 1.5 × 106 ± 1.3 × 106 7.6 × 105 5.5 3.9 × 10−2 ± 6.5 × 10−3 c
low (replicate 2) 16 8.7 × 105 ± 4.3 × 105 4.4 × 105 2.5 3.8 × 10−2 ± 8.0 × 10−3 bc
moderate (replicate 1) 56 5.4 × 105 ± 3.7 × 105 5.4 × 104 0.7 9.7 × 10−3 ± 3.9 × 10−3 a
moderate (replicate 2) 56 2.4 × 107 ± 1.6 × 107 2.4 × 106 6.9 5.3 × 10−2 ± 6.4 × 10−3 bc
high 111 5.6 × 106 ± 6.1 × 106 2.8 × 105 1.5 2.4 × 10−2 ± 5.1 × 10−3 a
environmental 2.9 × 10−2 ± 9.3 × 10−3 b

aThe errors for the decay rate constants represent the standard error. The shedding rate (in copies/h) has a propagated standard deviation based on
the error associated with the average eDNA concentration at steady state, the tank volume, and the decay rate constant. bLetters denote posthoc
group differences determined by Tukey’s honestly significant difference method (HSD) at p < 0.05.
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shell material does contain DNA,44 the amount of DNA
sloughed off from shell material is likely to be minimal.
Likewise, mussels remain relatively sedentary throughout their
life and partially to fully buried in the substratum.2 Such a
lifestyle likely reduces the effect of organism size or biomass on
DNA shedding rates.
Biological activity such as filter feeding42,43 or burrowing

likely drives shedding rates in mussels. As mussels burrow, they
extend their foot which helps anchor the shell in the sediment.
Through burrowing, DNA could be shed from the soft tissue of
the foot that is exposed to the sediment or through friction
forces acting on the shell material. In our experiments, mussels
were initially buried 3 to 5 cm into the gravel bed. In all of the
experiments, we observed that mussels repositioned during the
first 12−24 h but did not move after this initial acclimation.
This movement was minimal, and we do not believe that
burrowing or horizontal movement contributed to a significant
amount of shedding activity.
Instead, filter feeding, and the feces or pseudofeces produced

as a result of filter feeding, or sloughed tissue cells leaving the
body cavity of the mussel through the excurrent aperture, was
likely the main driver of eDNA shedding in our experi-
ments.42,43 Mussels are powerful filter feeders and the
cumulative filtration of a relatively high density mussel bed
can equal or exceed the stream’s flow rate.1,57 Although we
fasted the mussels during the experiments, we visually observed
mussels with both the incurrent and excurrent aperture open
and attempting to feed. Few to no feces or pseudofeces were
observed in the tanks after the mussels were removed, and we
therefore believe that the physical action of filter feeding alone
was the largest source of eDNA in our experiments. Additional
research on the impact of biological activity including both
burrowing and filter feeding, and whether intra- or interspecies
variation influence the concentration of eDNA shed into the
environment would be useful to better understand the main
factors contributing to eDNA shedding rates of freshwater
mussels.
eDNA Decay for varying mussel densities. After

mussels were removed from the tanks, eDNA decay was log−
linear (Figure 2). For the low density treatments, eDNA was
not detected after 7 days in either replicate experiment (Figure
2). eDNA in the moderate density treatment was detected up
to 31 days in the first replicate, but the concentration was <1%
of the starting concentration 22 days after the mussels were
removed. In the second moderate density treatment, eDNA was
not detected after 15 days. eDNA in the high density treatment
was not detected after 12 days (Figure 2). The decay rate
constants range from 9.7 × 10−3 to 5.3 × 10−2 per hour (Table
2). First-order decay rate constants statistically differed between
experimental treatments (ANCOVA F = 8.8, df = 5, p = 1.4 ×
10−6; Table 2). Differences between decay rate constants do
not appear to be dependent on mussel density. No statistical
difference was observed between the moderate and high density
experiments in 2016, nor between the low and moderate
density experiments in 2017 (Table 2).
Similar to the experimental treatments, eDNA in the

environmental treatment log−linearly declined (Figure 3).
The initial eDNA concentration in the environmental tank was
similar to the low, moderate, and high density treatments, and
the concentration of eDNA in the environmental tank was
quantifiable on day 3, but below the level of quantification after
day 4. The decay rate constant for the environmental treatment,
k = 0.029 ± 0.0093, was the same order of magnitude as the

decay rate constants for the other treatments. It was not
statistically different than the low density (replicate 2) and
moderate density (replicate 2) experiments but was signifi-
cantly different than the low (replicate 1), moderate (replicate
1), and high density experiments (Table 2).
The first-order eDNA decay rate constants here are also

among the first reported for freshwater mussels and are
consistent with other studies in freshwater systems. Reported
decay constants ranged from 0.06 to 0.116/hour for bluegill
(Lepomis macrochirus),45 0.015 to 0.1/hour for common carp
(Cyprinus carpio),58 0.002 to 0.014/hour for American bullfrog
(Lithobates catesbeianus),59 and 0.068 to 0.079/hour for the
Idaho giant salamander (Dicamptodon aterrimus).54

The eDNA signal in our different density treatments decayed
below or close to our limit of detection within 7−31 days.
eDNA concentration has been reported to decay below
detection limits in 4.2 days for carp,60 8−18 days for
salamanders,54 21−44 days for mudsnails,30 up to 54 days for
bullfrogs,59 and >28 days for silver carp.61 Because eDNA
persistence is dependent upon the starting concentration and
the detection limit of the assay,61 future studies should report
decay rate constants, rather than days of detection, to facilitate
comparisons across studies and for use in eDNA modeling in
environmental systems.
The differences in k values across the density treatments in

our study suggest that the mechanisms driving eDNA decay do
not depend on the density of mussels that contributed that
eDNA. eDNA decay rates can be influenced by abiotic (e.g.,
sunlight and temperature) and biotic (e.g., microbial processes
and extracellular enzyme) factors.40,58−60 Recent studies,
however, show mixed results on the impact of sunlight on
eDNA decay.54,59,61,62 The experiments reported here were
exposed to indirect sunlight, consistent across treatments, and
water temperatures maintained at room temperature (22 ± 1
°C) for the duration of all experiments. Therefore, we
hypothesize that the biological activity of filter feeding while
the mussels were in the tanks contributed to certain biologically
mediated processes ongoing in the tank after the mussels were

Figure 3. eDNA concentrations in the environmental treatment
experiment. The y axis is the concentration of DNA (copies per ml)
determined with synthesized standards. The x axis is the time since the
start of the experiment in hours. Error bars on each panel represent ±1
standard error of triplicate qPCR measurements. “+” symbols
represent samples below the level of quantification (LOQ) while “x”
represents nondetect (ND) samples.
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removed. Although mussels were scrubbed free of visible algae
and fasted during the experiment, the filtering process excretes
cells, ammonium, feces, and pseudofeces into the environ-
ment.63,64 The filter excreta contributes to an increase in both
microbial biomass and microbial growth rates.65 The increased
microbial activity and likely enzymatic activity could lead to
biologically mediated DNA degradation. Future research
investigating the effect of the microbial community on DNA
decay in natural waters in warranted. In addition, similar studies
to ours should characterize water quality parameters such as
nutrient levels, temperature and pH which may also effect DNA
decay.
Modeling eDNA in Tonawanda Creek. On the basis of

previous field data (base flow depth = 0.7 m; L. siliquoidea
density = 0.1 mussels/m2 − Sansom et al., unpublished data), a
time of 12 h, and the mean shedding rate from the mesocosm
experiments, we estimated the concentration of L. siliquoidea at
our study site in Tonawanda Creek, Cbed, is 1.4 copies/mL. We
set t = 12 h since our shedding and decay experiments indicated
that the eDNA concentrations were at steady state after 12 h.
Using this concentration (Cbed = 1.4 copies/mL) as the input to
our model (eq 3), along with a base flow velocity of 0.09 m/s
(Sansom et al., unpublished data), the decay constant from the
environmental experiment (k = 0.029) and the limit of
quantification based on the volume of water that is filtered,
we can predict the distance downstream that L. siliquoidea
eDNA can be detected. Assuming a limit of quantification of
0.047 copies/mL based on 500 mL of creek water filtered, we
estimate that L. siliquoidea can be detected up to 36.7 km
downstream.
To verify our model, we collected water samples from

Tonawanda Creek downstream of a mussel bed with L.
siliquoidea. Because of the inhibition in the samples determined
by serial dilutions,66 BSA was added to all qPCRs and a
different standard curve was used to quantify samples. The
assay efficiency with BSA was 86.9% with a slope = −3.68 and
an intercept = 34.1 (r2 = 0.98; linear dynamic range = 0 to 5 log
copies). L. siliquoidea eDNA was detected at each sample
location up to 1000 m downstream of the mussel bed. With the
exception of one location (100 m downstream), the predicted
eDNA concentration from the model fit was within ±1 SE of
the amplified environmental samples (Figure S2).
The results of our model prediction and environmental

samples underscores two important points. First, inhibition is
often a challenge with environmental samples and will
negatively affect the use of eDNA as a monitoring tool.40,67

No amplification was observed for the field samples undiluted,
however, amplification was observed for the 1:10 and 1:100
dilutions. Second, detection of eDNA downstream is largely
influenced by the volume of water that can be filtered given the
turbidity of the water and must be optimized for a particular
water body.68,69 For example, we determined the detection
limit based on our standard curves for a range of filter volumes.
Given this range (25−500 mL), the downstream detection for
L. siliquoidea in Tonawanda Creek ranges from 4.3 km to 36.7
km, respectively (Figure S3). Future research on the effects of
inhibition and filtration volumes on eDNA detection limits in
different water matrices is warranted.
While eDNA has proven to be a useful tool for lentic

systems, many challenges remain for lotic environments.
Thomsen et al.20 report that the eDNA detection rate for fish
decreased nearly 50% in a lotic system compared to a 100%
detection rate in ponds. Further, Stoeckle et al.34 detected

eDNA of a freshwater mussel (Margaritifera margitifera) 25 m
downstream of mussel populations, but did not detect eDNA at
further distances of 500 and 1,000 m. Downstream detection of
eDNA is limited by decay, but dilution and settling of DNA
fragments (particularly when attached to sediments) can also
contribute to reduced detection. Therefore, more research is
needed to understand how settling and dilution of eDNA
influence downstream transport.
Our model provides a complementary monitoring tool to

detect presence/absence and predict the density of L.
siliquoidea in natural waters. The range of downstream
transport predicted by our model is comparable to a study in
a similar sized stream that detected eDNA of a mussel (Unio
tumidus) up to 9 km downstream of the source population.31

The results of the model, however, need to be interpreted in
the context of the river system. Our model assumes no
additional mussel beds are present within the predicted
downstream detection distance. Because mussel populations
have a patchy distribution throughout a river, it is important to
consider additional mussel beds that may influence downstream
detection. The model presented here can also be applied as a
management tool to understand the interaction between
downstream transport and the concentration of eDNA
collected at a known distance downstream of a mussel bed
(Figure 4). Once shedding and decay rates are better

understood for additional freshwater mussel species, application
of this model can assist managers to determine the downstream
transport of eDNA from a mussel bed, or to predict or verify
mussel density by sampling water at a known distance
downstream of a mussel bed. Because no study to date has
made direct comparisons of mussel density between traditional
mussel surveys and eDNA concentration, we suggest that
eDNA be used to identify presence/absence or as a
complementary tool for traditional mussel density estimates.
Although our study is limited to a single species and stream,

the model we presented can be applied to other benthic
invertebrates in freshwater systems once the shedding and
decay rates are determined, and general site characteristics are
made (i.e., mean flow depth, mean flow velocity, and distance
from source population). However, improvements can be made

Figure 4. Lampsilis siliquoidea density (mussels/m2) as a function of
distance from mussel bed (m) and concentration of eDNA (copies/
mL) collected at that distance.
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by taking into consideration additional processes that may
influence eDNA persistence. First, for benthic organisms such
as mussels, DNA that is shed may be located in the sediment.
More information is needed on how much eDNA is in the
sediment, and whether sediment resuspension contributes to
total eDNA concentration in the water column. Second, our
model was a simplified, one-dimensional mass-balance equation
that only considered advection and shedding and decay rates.
Additional processes such as dilution and settling of eDNA
have been suggested to impact downstream transport,40 and
could improve the model estimates. Finally, sampling
considerations, such as downstream distance,31,34 amount of
water collected and filtered,68 and time or season of
sampling28,31 will influence eDNA detection limits and must
be considered.
Broader Implications. Accurate species distribution and

diversity counts are critical for proper conservation and
management of freshwater mussels. eDNA provides a
promising technique to complement current survey methods.
Here, we developed a qPCR assay that was specific within the
Lampsilis genus, determined eDNA shedding and decay rates,
and predicted the downstream transport of eDNA for L.
siliquoidea. On the basis of our results, eDNA has the potential
to be a complementary tool to enhance the efforts to monitor
and protect freshwater mussel biodiversity.
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